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ABSTRACT
Background: Rift Valley fever virus (RVFV) is an arbovirus that causes morbidity and mortality in livestock and 
humans throughout Africa and in the Arabian Peninsula. Vaccines are effective for the prevention of Rift Valley 
fever (RVF) disease, but  new and improved vaccines are needed to improve the safety of available vaccines. Also, non-
invasive needle free vaccine delivery routes should be evaluated as an alternative for invasive routes of vaccination.

Objective: The aim of this proof of concept study was to evaluate the safety and immunogenicity of a novel live 
attenuated recombinant RVFV arMP-12ΔNSm21/384 vaccine candidate following intranasal vaccination of goats, 
calves, and sheep in Tanzania.

Methods: Healthy, 6-9 months old breeds of African sheep (Ovis aeris), goats (Capra aegagrus) and zebu calves (Bos 
taurus indicus) were used in this study. The animals were purchased from local livestock keepers in the Mvomero 
district of Morogoro region, Tanzania. Animals were seronegative to both RVFV and antibody at the time of use in 
the vaccine trials. Animals in the test group included 10 goats, 7 sheep and 10 calves that were vaccinated in the left 
nares with 50 µl each and 2 sheep were vaccinated with 100 µl each (50 µl each in the left and right nares) of a dose 
that contained 4 × 105 PFU/50 ul of arMP-12ΔNSm21/384 vaccine, while the control group, including 2 goats, 3 
sheep and 2 calves that were injected in the left nares with 50 µl of phosphate buffered saline to serve as placebo 
controls. Rectal temperature was measured and blood samples were collected on day 14 and 0 before vaccination, 
and on days 3, 5, 7, 14, 21, 28 and 35 post vaccinations (PV). Serum samples collected on days 14 and 0 before 
vaccination were tested for RVFV neutralizing antibody by a plaque reduction neutralization test, and on days 3 
and 5 PV, serum samples were tested for virus as possible evidence of a viremia in cell culture and weekly collected 
samples thereafter were tested for RVFV neutralizing antibody.

Results: All animals were negative for RVFV neutralizing antibody at 14 and 0 days before vaccination and none 
of the animals had detectable viremia on days 3 and 5 PV, and none had clinical manifestations throughout the 
study. Among the 7 sheep, 10 goats, and 10 calves that received 50 µl each of the vaccine dose, 70% had the first 
detectable antibody on either day 5, 7 or 14 PV with titers ranging from 1:10 to 1:40. The 2 sheep that received 
the 100 µl each of the virus dose had the first detectable antibody on day 5 PV with a titer of 1:160. Subsequently, 
animals vaccinated with the 50 µl dose had antibody titers ranged from 1:10 to 640 on days 21, 28 and 35 PV, while 
those vaccinated with 100 µl maintained an antibody titer of 1:160 throughout the study. Moreover, there was no 
difference in the antibody titers between animal species p=0.34, although mean antibody titers of goats were highest.

Conclusion: As a proof of concept studies, the findings demonstrated that intranasal vaccination is a promising 
route for vaccinating domestic ruminants with the RVFV arMP-12ΔNSm21/384 vaccine candidate. However, these 
preliminary results suggested that a larger dose of 4 × 105 PFU/100 ul of arMP-12ΔNSm21/384 vaccine needed to 
be administered to each animal to consistently elicit a robust immune response. Also, further studies are  warranted 
using a larger number of domestic ruminants to confirm the immune response elicited by the larger dose of the 
vaccine administered via the intranasal route.
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INTRODUCTION

Rift valley fever (RVF) is an acute viral zoonotic disease caused 
by RVF virus (RVFV) that affects both ruminants and humans. 
The disease was first characterized by Daubney and his co-worker 
in 1934 during an outbreak of RVF in Kenya among exotic wool 
sheep that had been imported into East Africa [1]. Outbreaks of 
RVF were confined to the Rift valley of East Africa until 1977 
when a major outbreak occurred in Egypt [2]. The virus has since 
been documented to be enzootic throughout much of sub-Saharan 
Africa [3-5] and in 2000, the virus was first reported outside Africa 
as the cause of an outbreak in Saudi Arabia and Yemen and 
therefore, considered to have the potential for global spread [6,7]. 
More RVF outbreaks were reported during 2003 in Egypt, 2006- 
2007 in Kenya, Somalia and Tanzania, 2007 in Sudan, 2018-19 in 
Madagascar, 2010 in South Africa, 2012 Mauritania, and 2016 in 
Niger [8-13].

Susceptibility to RVFV infection depends on the age and animal 
species. In young animals, RVFV causes mortality of up to 100% 
and abortions in pregnant ewes of approximately 80%-100% [14]. 
Clinical signs in adult sheep, goats and cattle are not consistent but 
may include a rise in body temperature, nasal discharge, unsteady 
gait, excessive salivation, loss of appetite, and bloody diarrhea 
[13,15]. High abortion rates alone among animals with a febrile 
illness can be a strong indicator of a RVFV outbreak, especially 
following periods of heavy rainfall in east Africa when the mosquito 
vectors appears in large numbers [4,16].

In humans, RVF disease presents as a mild febrile illness that may 
progress to severe illness characterized by fever, dizziness, weight 
loss and myalgia and in some patients, disease may advance to 
severe hemorrhagic fever, encephalitis, and ocular disease [17-21]. 
Mortality rates usually range from 1%-4%, although some people 
recover within 4-7 days and some progressing to severe and fatal 
disease [13]. The RVFV is mainly transmitted by mosquito vectors 
of Aedes species. However, the virus can be transmitted to humans 
through direct contact with RVFV contaminated fluid and tissue 
material [21-24]. Exposure to infectious aerosols has been confirmed 
as a source of RVFV infection [25]. Also, RVFV was observed to be 
stable in tap water for several days and mice were susceptible to 
infection through drinking RVFV contaminated water [26].

RVFV virus belongs to the genus Phlebovirus, family Phenuiviridae, 
a group of enveloped RNA viruses [27]. The enveloped virion is 
about 100 nm in diameter with glycoproteins protruding from 
the surface [28]. It is spherical in shape and composed of single 
stranded RNA that is surrounded by nucleocapsid proteins (NP). 
The RNA genome is divided into three segments each attached 
with RNA dependent RNA polymerase [29-31]. The segments  
include the small (S), medium (M) and large (L) RNA of 1.6 kb, 
3.8 kb and 6.4 kb, respectively. The S segment is 1690 nucleotides 
long [31,32] and encodes a nucleocapsid  protein in the negative 
sense and a non-structural protein (NSs) in a positive sense [33,34]. 
The NP is highly immunogenic and many antibody-based RVFV 
detection assays are based on this protein.

Among attempts to control RVF in animals and humans, vaccines 
have proven to be most effective. For veterinary use, there are two 
live attenuated vaccines, the Smithburn neurotropic  and Clone-13, 
that have been used in previous RVF outbreaks [35]. However, 
the Smith-burn  vaccine causes abortions and malformations in 
pregnant ewes similar to  the wild type RVFV and the Clone 13 is 
temperature sensitive with the potential to cause teratogenic effect 

among pregnant sheep based on experimental studies [36,37]. 
In addition, both vaccines elicit an immune response that does 
not distinguish infected from vaccinated animals (DIVA). DIVA 
is important in avoiding trade restriction and exportation of 
infected animal in Africa [38]. Currently, there are no approved 
vaccines for human use [35]. The MP-12 strain used in deriving 
MP-12ΔNSm21/384 vaccine candidate has been tested in humans, 
sheep, cattle and non-human primates through subcutaneous 
or intramuscular route and found to be safe and immunogenic 
[26,39,40]. However the vaccine is not DIVA compatible. As an 
approach to develop a DIVA compatible vaccine, the MP-12 vaccine 
virus was used to develop a recombinant vaccine using reverse 
genetics technology to delete nucleotides 21-384 of the NSm gene 
from the M segment of the MP-12 virus strain to produce the RVFV 
MP-12ΔNSm21/384 candidate vaccine to serve as a potential 
DIVA vaccine [41-45]. Subsequent studies showed the RVFV arMP-
12ΔNSm21/384 vaccine candidate to be safe, and immunogenic 
in sheep and calves [45,57,63] and efficacious in sheep against a 
challenge dose of virulent RVFV ZH-508 [63].Studies have shown 
that many viruses attach to the mucus membrane of the oral 
or nasal cavity, and elicit a protective immune response at local 
and distal sites [46,47,48].  MP-12 has been shown to immunize 
monkeys by aerosol and also provide protection against virulent 
RVFV against aerosol infection [53], and supports the evaluation 
intranasal immunization of livestock with MP-12ΔNSm21/384. 

Needle injection is the major method for vaccination and drug 
delivery to livestock in order to induce immune response using 
safe and highly purified vaccines. Although needle and syringe 
devices are inexpensive and easily adaptable to different settings, 
needle free technology offers advantages as compared to needle 
free delivery of vaccine [49,50]. The needle free vaccine delivery 
technology enhances safety, and delivers vaccine/drug without 
piercing the skin that results in fewer injection site lesions [49,50]. 
Therefore, there is a benefit to change from needle based to needle 
free delivery. Currently an increasing number of influenza vaccines 
studies have confirmed the efficacy of the needle free delivery of 
vaccines using different routes of administration such as intranasal 
and intradermal routes [51]. This study was conducted to evaluate 
the safety and immunogenicity of RVFV MP-12ΔNSm21/384 
vaccine candidates in Ovis aries sheep, Bos taurus indicus zebu 
calves and Capra aegrus goats using an experimental intranasal 
vaccine aerosol dispenser.

MATERIALS AND METHODS

Study area

The present study was conducted in Morogoro, Tanzania (6.8278°S, 
37.6591°E) at Sokoine University of Agriculture (SUA) in a vector 
controlled Animal Biosafety Level 2 (ABSL-2) facility and a 
Biosafety Level 2 (BSL-2) virology laboratory. The animal facility 
is designed to prevent the entry of arthropods and to provide 
sanitation measures as well as being equipped with incinerator 
for disposing animal  animal waste. The laboratory is equipped 
with basic virology and cell culture instruments together with a 
distiller and an autoclave for autoclaving equipment before use and 
autoclaving waste materials from the laboratory before exposing 
the waste to the environment.

Experimental animals

Healthy, 6-9 months old sheep (Ovis aeris), goats (Capra 
aegagrus) and zebu calves (Bos taurus indicus) were used in this 
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study. A total of 36 animals for intranasal injection (12 goats, 12 
sheep and 12 zebu calves) were purchased from local livestock 
keepers at Mvomero district of Morogoro region, Tanzania. The 
animals were transported to a temporary animal holding facility 
located near the permanent animal housing in the SUA Animal 
Biosafety Laboratory (ABSL)-2 facilities. They were ear tagged with 
individual identification numbers and treated with Steladone 
300® ECAcaricide, and given 2.5% Albendazole orally in order to 
remove ectoparasites and endoparasites respectively. Animals were 
then held for two weeks to acclimatize. Throughout the experiment, 
the animals were fed “ad libitum” with fresh grasses, water, and 
mineral blocks.  They were  monitored daily for elevated body 
temperature to detect any illnesses. The animals were then moved 
into the ABSL-2 facility. All animals were managed and treated in 
accordance with a protocol approved by the Institutional Animal 
Care and Use Committee approved by University of Texas at El 
Paso (UTEP), Texas and SUA Institutional Animal Care and Use 
Committee (IACUC) (ref # 559105-08 and SUA/CMVBS/R.1).

Vero E6 cells and vaccine viruses

The Vero E6 cells used in this study were provided by the University 
of Texas at El Paso (UTEP), Texas. The RVFV MP-12 virus was 
originally obtained by UTEP from the World Reference Centre for 
Emerging Viruses and Arboviruses, Department of Microbiology 
and Immunology, University of Texas Medical Branch, Galveston 
Texas. At UTEP, the identity of the RVF MP-12 vaccine virus 
was confirmed by plaque reduction neutralization test (PRNT) 
using RVF MP-12 specific monoclonal antibody (Mab). The Mab 
neutralized the infectivity titer of the RVF MP-12 virus from 106 

plaque forming units (PFU)/ml to 102 PFU/ml, but did not 
neutralize the infectivity titer of Sindbis and/or West Nile viruses. 

The RVFV MP-12 obtained from UTEP was used at SUA to prepare 
a stock virus in Vero E6 cells with an infectivity titer of 1.4 × 107 
PFU/ml and stored in 0.5 ml aliquots at -80°C for use to perform 
the Plaque Reduction Neutralization Test (PRNT) to detect RVFV 
neutralizing antibody in sera samples obtained vaccinated animals.

A stock virus of RVF arMP-12ΔNSm21/384 with an infectivity titer 
of 8 × 106 PFU/ml was prepared by passaging in Vero cells. The 
vaccine for intranasal delivery was prefilled in a volume of 50 µl in 
each unit dose blister (packed in a delivery cartridge tip) by Mystic 
Pharmaceuticals, Inc., Austin, Texas and stored at -80°C. 

Experimental design

The calves, sheep and goats were divided into two groups, including 
twenty seven animals, 10 goats, 7 sheep and 10 zebu calves that 
were vaccinated in the left nares with 50 µl each of 4 × 105 plaque 
forming units (PFU) with the RVFV arMP-12ΔNSm21/384 
vaccine. A second group of 7 animals, 2 goats, 3 sheep and 2 zebu 
calves received 50 µl of phosphate buffered saline (PBS) to serve as 
negative controls. Also, two sheep were inoculated with a double 
volume (100 µl) via the intranasal route (8 × 105 PFU) of the arMP- 
12ΔNSm21/384 vaccine.

All animals were vaccinated using Mystic’s large animal nasal 
delivery device. As a mechanical dispensing device, the components 
consisted of a threshold force actuated trigger and plunger designed  
to  generate  a  consistent  actuation  force and a blister packed 
in an individual nasal cartridge tip designed to fit in the nares 
of each animal species. Each blister contained an internal micro-
nozzle designed to aerosolize the vaccine to droplets ranging from 

50 to 100 microns to facilitate deposition to the nasal mucosal 
surfaces. The blisters were pre-loaded with the desired volume 
and concentration of the vaccine and then sealed leaving a small 
amount of compressible head space inside each blister. The vaccine 
was then dispensed by pressing the trigger to push the plunger to 
compress and crush the blister expelling the vaccine through the 
internal nozzle which emerges from inside the blister and extends 
out of an orifice in the cartridge tip dispensing the vaccine as a fine 
spray into the animal’s nasal cavity to penetrate the surrounding 
mucosal tissue.

Specimen collection and preparation

Blood samples of 4 ml were collected from the jugular vein of all 
animals in phase I and phase II using a 6 ml vacutainer 14 days 
before vaccination, and on day 0 immediately before vaccination 
and were tested for RVFV by cell culture assay and RVFV antibody 
by PRNT. Samples obtained on days 3, 4, and 5 were tested for 
RVFV by cell culture assay, and thereafter, samples obtained on 
days 7, 14, 21, 28 and 35 post vaccination (PV) were tested to 
determine the neutralizing antibody response by the PRNT. Two to 
3 ml of serum was obtained from each blood sample after leaving 
the samples overnight at 4°C followed by centrifugation at 1200 × 
G for 10 minutes. Aliquots of 0.5 to 1.0 ml of each serum sample 
were transferred to sterile pre-labeled vials and stored at -80°C 
freezer until tested for RVFV and/or RVFV neutralizing antibody.

Virus isolation

Test animal serum samples were diluted in 1:2 in Eagle's Minimum 
Essential Medium (EMEM) supplemented with 4% Fetal Bovine 
Serum (FBS). Confluent monolayer of Vero E6 cells were propagated 
in 24 well plates and cultures in each well were inoculated in 
duplicate using 50 µl of each serum sample per culture. The culture 
and inoculum were incubated for one hour at 37°C and agitated 
after every 15 minutes for virus absorption. After absorption, 
0.5 ml of EMEM supplemented with 4% FBS was added to each 
culture and incubated at 37°C with 5% CO

2
. Cultures were 

observed once daily for 10 days under microscope for cytopathic 
effect (CPE). After 10 days, all CPE negative cultures were frozen 
and thawed to make a blind passage using the same procedure and 
observed for 10 days for CPE. Any cultures that developed CPE 
were harvested and stored in aliquots of 1.0 ml for further study 
using RT-PCR to determine if the CPE was caused by RVFV. If 
there was presumptive evidence of wild type RVFV, all aliquots and 
any remaining cultures would be destroyed by autoclaving. The 
specific animals would be isolated and quarantined in a holding 
facility separate from the ABSL 2 facility and not used in this study.

Immunological method 

Plaque reduction neutralization test-: Each test serum was diluted 
1:5 followed by 4-fold dilutions of 1:5, 1:20, 1:80, 1:320, 1:1280 
and 1:5120 in Hanks Balanced Salt Solution (HBSS) supplemented 
with 1% HEPES, penicillin and streptomycin and heat inactivated 
FBS in a 96-well plate. An equal volume of 75 µl of each diluted 
test sera was mixed with an equal volume of 75 µl of RVFV MP-
12 with approximately 60-80 PFUs such that the final serum 
dilution were 1:10, 1:40, 1:160, 1:640, 1:2560 and 1:10240, and 
virus dose ranges from 30 to 40 PFU. The controls consisted of 
a mixture of equal volume of 60-80 PFU with a 1:10 dilution of 
RVFV antibody positive and a negative goat serum. The virus dose 
serum dilution mixtures were incubated at 37°C in the absence of 
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CO
2
 for one hour. Next, Vero E6 cells were seeded in 24-well tissue 

culture plates and incubated for 2-3 days at 37°C and 5% CO
2
 to 

provide about 90% confluence monolayers. The growth media was 
then discarded from the Vero cell monolayers and 50 µl of each 
virus dose-serum dilution mixture was inoculated onto each of 2 
cell monolayers per sample. The mixture of the virus dose and the 
antibody positive control serum mixture were inoculated onto each 
of 20 cultures and the virus dose-antibody negative control serum 
mixture was inoculated onto 4 cultures Plates were incubated 
for one hour at 37°C and 5% CO

2
 while agitating after every 15 

minutes. One percent Seakem agarose with an equal volume of 
2x Eagle’s Basal Medium with Earle’s salt (EBME), with HEPES, 
sodium bicarbonate, 8% FBS, and 1% penicillin, streptomycin 
and L-glutamine was prepared, and 0.5 ml was overlaid onto cell 
culture of each well. The agarose overlay was allowed to solidify 
and plates with cells were incubated for 3 days at 37°C with 5% 
CO

2
. Each culture of cells and inoculum was then overlaid with 

0.5 ml of 1% agarose mixed with an equal volume of 2x EBME 
supplemented with 5% neutral red and incubated overnight at 
37°C. The dilution of serum that reduced the RVF MP-12 virus 
dose by 80% was considered as the neutralizing antibody titer.

Post vaccination observation

Rectal body temperature for each animal was taken at the time 
of blood collection up to day 35 PV. In addition, general health 
status was assessed by veterinary personnel and recorded once a 
day. Animals that developed any sign of illness during the study 
were given a clinical examination by a veterinarian and samples 
were collected for analysis and diagnosis.

Statistical analysis

Data analysis were done using R statistical analysis software version 
3.4.1. Analysis of mean PRNT 80 antibody titers among animal 
species were done using welch two sample t-test and One-way 
ANOVA with a significance level of p ≤ 0.05.

RESULTS

Post vaccination observations

The average body temperatures for calves, goats and sheep 
vaccinated IN with arMP-12ΔNSm21/384 as well as of negative 
control animals vaccinated with PBS are presented in Figures 1(a)- 1(c).

Normal body temperatures were observed that ranged from 37.2°C 
to 39.8°C in the arMP-12ΔNSm21/384 vaccinated animals and 
37.5°C to 39.5°C in control animals. None of the animals developed 
clinical signs of illness such as fever throughout the study.

Viremia 

A RVFV viremia was not detected in any of the animals before 
and after they were vaccinated with arMP-12ΔNSm21/384 or 
among the control animals that received PBS. This observation was 
supported by unsuccessful attempts to isolate RVFV virus from sera 
samples obtained from goats, sheep and calves at 14 days before 
vaccination and on day 0 immediately prior to vaccination and on 
days 0, 3, 4 and 5 PV.

Immunogenicity

A total of 70% of the calves, sheep and goats vaccinated via the 
IN route with 50 µl each for the arMP-12ΔNSm21/384 developed 
detectable neutralizing antibody. Neutralizing antibody was 
observed beginning on day 5 PV in 3 of 7 calves and 1 of 9 goats 
(#979). None of the sheep had detectable neutralizing antibody on 
day 5 PV but antibody was detected in all sheep on day 7 and 14 
PV together with the remaining goats and calves that were negative 
on day 5. The antibody titers of the vaccinated animals with 50 µl 
ranged from 1:10 to 1:40 in calves, 1:10 to 1:40 in sheep and 1:10 
to 1:640 in goats. A total of 9 vaccinated animals, 3 calves (#911, 
#918 and #902), 3 sheep (#938, #942 and #949) and 3 goat (#958, 
#965 and #969) did not develop detectable antibody through day 
35, thus resembling PBS vaccinated control animals that did not 
have detectable neutralizing antibody throughout the study (Table 
1).

The two sheep that received the 100 µl of the vaccine had an 
antibody titer of 1:160 that was first detected on day 5 and the titer 
was sustained through day 35 PV. The antibody mean titers among 
goats, sheep and calves vaccinated with arMP-12ΔNSm21/384 did 
not differ significantly (p=0.34). However, goats had slightly higher 
antibody titers than sheep and calves.

Figure 1(b): Mean rectal temperature of sheep inoculated intranasally 
with 4 × 105 PFU/ml of arMP-12ΔNSm21/ 384 vaccines and phosphate 
buffered saline (PBS).

Figure 1(c): Mean rectal temperature of goats inoculated intranasally 
with 4 × 105 PFU/ml of arMP-12ΔNSm21/ 384 vaccines and phosphate 
buffered saline (PBS).

Figure 1(a): Mean rectal temperature of calves inoculated intranasally 
with 4 × 105 PFU/ml of arMP-12ΔNSm21/ 384 vaccines and phosphate 
buffered saline (PBS).
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other clinical manifestations among domestic ruminants [57-61]. 
The rectal temperatures of both controls and vaccinated animals 
was approximately 39°C at the time the animals were vaccinated 
and then stabilized to range from 37.5°C to 38.5°C throughout the 
study. The slightly elevated temperature was probably associated 
with manual  restraint  of  the  animal  during  vaccination. In 
addition, none of the animals had any evidence of virus shedding 
as the control animals remained sero-negative for antibodies to the 
vaccine virus while being confined in the same pens with vaccinated 
animals and this further confirmed the safety of the vaccine and 
the vaccination device. The safety results are consistent with those 
of previous studies conducted in Tanzania and USA involving the 
use of the RVFV arMP-12ΔNSm21/384 vaccine in sheep, calves 
and goats [57,62].

DISCUSSION

The overall aim of this study was to determine the safety and 
immunogenicity of the RVFV arMP-12ΔNSm21/384 vaccine 
candidate in economically and food source susceptible livestock 
species, using the IN route of administration. Viremia was not 
detected in any of the vaccinated and control animals which 
demonstr potential transmission by mosquito vectors [54-56]. 
Moreover, there was no inflammatory  reaction at the exposure site 
in all vaccinated animals using the Mystic vaccine delivery dispenser. 
Only minimal skills are required to use this device, thus avoiding the 
use of needles that can result in needle stick injuries and accelerate 
virus transmissions during the vaccination of animals. None of 
the animals developed any signs and/or symptoms of illness, thus 
confirming the safety of the vaccine in terms of causing fever or 

Days post vaccination

Species Vaccine Volume Animal # -14 0 5 7 14 21 28 35

Calf PBS 0.05 913 0 0 0 0 0 0 0 0

Calf PBS 0.05 923 0 0 0 0 0 0 0 0

Sheep PBS 0.05 943 0 0 0 0 0 0 0 0

Sheep PBS 0.05 951 0 0 0 0 0 0 0 0

Sheep PBS 0.05 954 0 0 0 0 0 0 0 0

Goat PBS 0.05 974 0 0 0 0 0 0 0 0

Goat PBS 0.05 980 0 0 0 0 0 0 0 0

Calf arMP12ΔNSm 0.05 911 0 0 0 0 0 0 0 0

Calf arMP12ΔNSm 0.05 921 0 0 10 10 10 10 10 10

Calf arMP12ΔNSm 0.05 928 0 0 0 10 40 40 40 40

Calf arMP12ΔNSm 0.05 918 0 0 0 0 0 0 0 10

Calf arMP12ΔNSm 0.05 902 0 0 0 0 0 0 0 0

Calf arMP12ΔNSm 0.05 908 0 0 0 0 10 10 10 10

Calf arMP12ΔNSm 0.05 926 0 0 0 0 0 10 10 10

Calf arMP12ΔNSm 0.05 915 0 0 10 10 40 40 40 40

Calf arMP12ΔNSm 0.05 907 0 0 10 10 10 10 10 10

Calf arMP12ΔNSm 0.05 924 0 0 0 0 10 40 40 40

Sheep arMP12ΔNSm 0.1 930 0 0 160 160 160 160 160 160

Sheep arMP12ΔNSm 0.05 933 0 0 10 10 10 10 10 10

Sheep arMP12ΔNSm 0.1 935 0 0 160 160 160 160 160 160

Sheep arMP12ΔNSm 0.05 938 0 0 0 0 0 0 0 0

Sheep arMP12ΔNSm 0.05 939 0 0 0 0 40 40 40 40

Sheep arMP12ΔNSm 0.05 942 0 0 0 0 0 0 0 0

Sheep arMP12ΔNSm 0.05 949 0 0 0 0 0 0 0 0

Sheep arMP12ΔNSm 0.05 955 0 0 0 0 40 40 40 40

Sheep arMP12ΔNSm 0.05 957 0 0 0 0 0 10 10 10

Goat arMP12ΔNSm 0.05 968 0 0 0 10 10 10 10 10

Goat arMP12ΔNSm 0.05 958 0 0 0 0 0 0 0 0

Goat arMP12ΔNSm 0.05 982 0 0 0 0 40 10 10 10

Goat arMP12ΔNSm 0.05 977 0 0 0 0 40 40 40 40

Goat arMP12ΔNSm 0.05 961 0 0 0 0 40 160 160 160

Goat arMP12ΔNSm 0.05 965 0 0 0 0 0 0 0 0

Goat arMP12ΔNSm 0.05 979 0 10 10 10 10 640 160 160

Goat arMP12ΔNSm 0.05 976 0 0 0 0 10 10 40 40

Goat arMP12ΔNSm 0.05 984 0 0 0 0 160 160 40 40

Goat arMP12ΔNSm 0.05 969 0 0 0 0 0 0 0 0

Table 1: Rift valley fever virus neutralizing antibody titers in calves, sheep and goats vaccinated (4 × 105-8 × 105 PFU) of arMP-12ΔNSm21/384 vaccine 
and phosphate buffered saline (PBS).
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Neutralizing antibody is considered to be the main protective arm 
of the immune response against RVFV infection. Currently, the 
minimal standard PRNT80 protective titer for at risk personnel 
working with RVFV is ≥ 1:40 [26]. In this study, neutralizing 
antibody of all vaccinated goats, sheep and calves was first detected 
starting from either day 5 to 14 PV with titers ranging from 1:10 
to 1:40 similar to what was observed in previously studies done 
in sheep and calves [57]. Seroconversion of two sheep (#930 and 
#935) vaccinated with 100 µl of the vaccine dose was detected on 
the same days as those vaccinated with 50 µl and antibody titers 
were higher in the two sheep vaccinated with 100 µl as compared 
to those vaccinated with 50 µl. The results are in agreement with 
those observed in previous sheep study [62], whereby animals were 
given 1 ml 1 × 105 PFU of the same vaccine dose and their antibody 
titers increased to as high as ≥ 1:160. Furthermore the results for 
100 µl (8 × 105 PFU) vaccine dose in sheep were similar to those 
observed in a rhesus monkey study [53,58]. This demonstrated that 
the the IN vaccine dose affects the immune response of the animals 
regardless of the animal species, and that a higher dose may be 
needed than that used with needle delivery. 

Most of the sheep, goats and calves that responded to the vaccine 
had antibody titers of ≥ 1:40 which has been the target end point 
of vaccine titers in large mammals.   Lower titers have been found 
to be protective against virulent RVF virus in rodent studies. Goats 
developed the highest antibody response as compared to sheep and 
calves and the results were similarly to what was observed by others 
on testing the safety of the clone 13 vaccine [59]. Some of the goats, 
sheep and calves vaccinated with arMP-12ΔNSm21/384 vaccine 
did not have any detectable antibody titers by PRNT80, displaying 
individual variation among group of the animals. Therefore, 
regardless of the routes and doses, antibody response always can 
be affected by factors such as genetics and animal health status. 
Also, a variable in administering vaccines via the mucosal route 
is the inefficient uptake of the vaccine that can vary from animal 
to animal [60].  The data shown here support using the route for 
RVFV vaccines.

The study was planned to evaluate a vaccine dose volume of 50 
µl. The results showed that antibody titers were higher for animals 
vaccinated with 100 µl of the vaccine dose than those vaccinated 
with 50 µl, though neutralization antibody titers produced from both 
dose amounts were mostly at the protective level. The 100 µl dose 
results were comparable to those observed from previous studies done 
in USA and Africa [57,59,61,62] and also similar to study done in 
Canada, that also revealed a titer of ≥ 1:40 is protective [63]. Possible 
differences in antibody responses elicited in animals vaccinated IN 
with 50 µl as compared to those vaccinated with 100 µl reflected 
differences in the amount of vaccine dose. From the results of this 
study, antibody titers of 50 µl injected animals are believed to be 
lower because of the low dosage used (4 × 105 PFU). The evaluation 
of the RVFV arMP-12ΔNSm21/384 vaccine using the IN route of 
vaccination was a proof of concept study and the first known study 
conducted in livestock using this route of vaccination.

RVFV vaccine delivery via the IN route offers a promising 
alternative to classical parenteral route since the route because it 
removes the complications of needle delivery.  Also, the IN route 
has been shown to be more advantageous than parenteral route 
as it offers protective mucosal and systemic immunity unlike the 
invasive route that provides systemic immunity and weak mucosal 
immunity that may not provide more robust protection against 
RVF [64-69].

As a proof of concept study, the volume of the RVFV arMP- 
12ΔNSm21/384 vaccine dose was 50 µl but contained almost the 
same concentration (4 × 105 PFU) as the maximum dose used in 
most other studies [57,62,63,69,70]. The lower volume was used 
because all the available intranasal doses packaged in the Mystic 
unit dose blisters were designed to deliver 50 µl of the volume. 
Thus, the 50 µl volume of the vaccine allowed for the determination 
if the lower volume would elicit an immune response In case the 
lower volume did not elicit an immune response, 2 sheep were 
vaccinated with 100 µl or twice the 50 µl volume administered 
to the other animals to gain a preliminary understanding of the 
volume required eliciting an immune response. The findings 
revealed that sheep vaccinated with  8 x 105 PFU of (double 
volume) of the RVFV arMP-12ΔNSm21/384 vaccine resulted in a 
higher immune response, thus demonstrating that the vaccine dose 
was a key determinant of the extent of the immune response [71].

There is much interest in the development of vaccines for mucosal 
application, and an attenuated immunogen given by a mucosal 
route that will elicit a robust and protective immune response 
against both parenteral and aerosol infection would be highly 
desirable [46,64]. 

CONCLUSION AND RECOMMENDATIONS

These data support intranasal vaccination of livestock using  RVFV 
arMP-12ΔNSm21/384 was safe and immunogenic. The  response  
was  dose  dependent  since  the 100 µl dose  of vaccine provided 
a higher antibody response than the 50 µl dosage. The needle-free 
non-invasive nasal route is advantageous for vaccination because it 
can be given by lay personnel with minimal training and therefore 
reduces the need to be administered by specialised workers.  The 
administration of a vaccine by a noninvasive route would have 
advantages; especially in the field in remote areas where the ability 
to maintain sterility of hypodermic equipment is difficult or when  
large  numbers  of  persons  must  be  given the vaccine in a post 
event scenario.  This is the first study that tested the safety and 
immunogenicity of the arMP-12ΔNSm21/384 vaccine via IN route 
in African ruminants. However, more studies must be done to 
determine the optimum dose of the IN route in a large number 
of domestic African ruminants. Also, field studies should be done 
to test the safety and immunogenicity of this vaccine, especially to 
determine the duration of the antibody titers and to determine 
reproductive safety of the arMP-12ΔNSm21/384 vaccine in 
pregnant ewes.
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